Abbreviations {#nomen0010}
=============

[l]{.smallcaps}-NAME

:   N(ω)-nitro-[l]{.smallcaps}-arginine methyl ester

RU486

:   mifepristone

TTFA

:   thenoyltrifluoroacetone

HIF1

:   hypoxia-inducible factor-1

PASMC

:   pulmonary artery smooth muscle cells

HMEC-1

:   human microvascular endothelial cells-1

ROS

:   reactive oxygen species

EPR

:   electron paramagnetic resonance

1. Introduction {#sec1}
===============

The number of patients on systemic glucocorticoid therapy has increased substantially over the last 20 years, primarily due to the rising prevalence of diseases requiring long-term therapy with glucocorticoids as for example asthma or chronic obstructive pulmonary disease (COPD), but also other inflammatory and autoimmune disorders \[[@bib1],[@bib2]\]. It has been estimated, based on studies in the US and UK, that around 1% of the general population undergoes systemic glucocorticoid therapy, in many cases for months or years \[[@bib2]\]. Frequent clinical problems by either the pharmacological administration of glucocorticoids or intrinsic glucocorticoid excess in humans (as for example in Cushing syndrome) are metabolic, but also cardiovascular side effects such as increased blood pressure, coronary artery disease, heart failure, and to a lesser extent stroke \[[@bib3], [@bib4], [@bib5], [@bib6]\]. Despite the high number of patients suffering from glucocorticoid-induced cardiovascular diseases, the underlying mechanisms are not well understood, thus hampering adequate prevention and/or treatment.

Glucocorticoids act primarily through intracellular glucocorticoid receptors, although some glucocorticoids can also cross-react with mineralocorticoid receptors in varying degrees \[[@bib7]\]. Glucocorticoid receptors belong to the nuclear receptor family of ligand-activated transcription factors. They are ubiquitously expressed in most cell types and conserved across species. Ligand-bound glucocorticoid receptors in the nucleus induce or repress the transcription of target genes through different mechanisms including direct binding to glucocorticoid response elements in the DNA of target genes, protein--protein interactions with other transcription factors that affect their transcriptional activity, and composite binding to DNA and protein substrates \[[@bib1],[@bib7]\]. Rapid non-genomic signaling was also demonstrated since glucocorticoids can act through membrane receptors and activate signal transduction pathways, such as protein kinases, to modulate other transcriptions factors and activate or repress various target genes \[[@bib8]\]. By all these different mechanisms, glucocorticoids regulate numerous important functions in a large variety of cells including carbohydrate, lipid and protein metabolism, endocrine homeostasis, vascular tone, proliferation and apoptosis \[[@bib7],[@bib9]\].

Physiologically, glucocorticoids are secreted from the adrenal cortex as part of the hypothalamus-pituitary-adrenal axis and are critical to the stress response at various levels \[[@bib10]\]: They can prime the different components of the stress response e.g. by inducing expression and sensitivity of stress hormone receptors, thus preparing the body for various stresses that may occur during the day \[[@bib11]\]. Glucocorticoids can also act suppressive thereby preventing stress-activated defense mechanisms from overshooting and damaging the organism, f.e. by controlling inflammatory and immune responses \[[@bib12]\]. The anti-inflammatory and immunoregulatory role of glucocorticoids and their synthetic analogues and derivatives resulted in their wide use in treatments of inflammatory and autoimmune diseases \[[@bib1]\]. However, although glucocorticoids are in general considered anti-inflammatory and protective, this is not a uniform response. In some cases, depending on the dose, chronicity of exposure, and the organ analysed, glucocorticoids can also increase certain parameters of the inflammatory response \[[@bib13]\]. Moreover, glucocorticoids prepare the body for periods of low nutritional supply \[[@bib10]\], but they also promote liberation of energy substrates such as glucose, amino acids, and fatty acids, to ensure their availability for mitochondrial oxidation in stress conditions \[[@bib14]\]. In this regard, glucocorticoids promote whole-body insulin resistance, although in adipose tissue, they enhance insulin signaling and action. These findings demonstrate the complex and tissue-specific mode of action of glucocorticoids which is also observed in the cardiovascular system: In the heart, glucocorticoids likely contribute to normal cardiac activity and the cardiovascular stress response, as glucocorticoid insufficiency induced by adrenalectomy leads to reduced contractile force generation in rat papillary muscle which was reversed by application of the synthetic glucocorticoid dexamethasone \[[@bib15]\]. On the other hand, glucocorticoids have negative effects on the cardiovascular system such as increased vascular tone leading to hypertension and cardiac hypertrophy \[[@bib8],[@bib16]\].

Hypertension in response to glucocorticoids was initially discussed to originate from sodium excess or from an impairment of water reabsorption by the renal mineralocorticoid receptor \[[@bib3]\]. However, more recent data using synthetic glucocorticoids such as dexamethasone which act primarily via the glucocorticoid receptor suggest that complex molecular mechanisms independent of the mineralocorticoid receptor result in cardiovascular complications by glucocorticoids \[[@bib5],[@bib17]\]. Studies in endothelial and vascular smooth muscle specific glucocorticoid receptor knock out animals point to a role for the vasculature in the pathogenesis of glucocorticoid-induced hypertension \[[@bib18],[@bib19]\]. However, at the molecular level, the role of glucocorticoids in the regulation of the cardiovascular system remains poorly understood.

Reactive oxygen species (ROS) have been shown to act as signaling molecules in the pathogenesis of various cardiovascular diseases including hypertension \[[@bib20], [@bib21], [@bib22], [@bib23]\]. The family of NADPH oxidases has been identified as a major source of ROS generation in the cardiovascular system contributing to hypertension and various other cardiovascular pathologies \[[@bib24],[@bib25]\]. Initially, an NADPH oxidase has been characterized in leukocytes to be responsible for the respiratory burst, which generates superoxide anion radicals upon bacterial infections as part of the innate immune system \[[@bib26]\]. It contains 2 membrane-bound proteins, p22phox and NOX2, which form the cytochrome b558 as the catalytic core, and in addition several cytosolic proteins and the GTPase Rac, which are required to assemble with the cytochrome for enzyme activation. Subsequently, several homologs of NOX2 have been found in non-phagocytic cells, including the vasculature, which have been termed NOX1, NOX3, NOX4 and NOX5, DUOX1 and DUOX2 \[[@bib27]\]. Apart from NOX5, DUOX1 and DUOX2, all NOX proteins require p22phox for function.

Although glucocorticoids and ROS have been both associated with hypertension and other cardiovascular disorders, there are conflicting results reported on the cross-talk between glucocorticoid action and ROS signaling: While glucocorticoids have been initially described to decrease ROS levels in several cell culture models \[[@bib28], [@bib29], [@bib30], [@bib31], [@bib32], [@bib33]\], there is now mounting evidence that glucocorticoids can also increase ROS levels in different cellular systems including vascular cells \[[@bib34],[@bib35]\]. Moreover, treatment with antioxidants has been shown to ameliorate glucocorticoid-induced hypertension \[[@bib36], [@bib37], [@bib38], [@bib39]\]. However, the exact conditions and consequences of glucocorticoid action on ROS generation in the cardiovascular system and the sources of ROS involved are not well understood.

In this study we characterized an essential role of p22phox-dependent NADPH oxidases in the vascular response to the synthetic glucocorticoid dexamethasone *in vitro* as well as *in vivo* which was mediated by ROS and the transcription factor HIF1. Importantly, as demonstrated in a genetic mouse model, p22phox-dependent NADPH oxidases were critically involved not only in the development of systemic but also of pulmonary hypertension and cardiac dysfunction upon chronic treatment with low dose dexamethasone.

2. Materials and methods {#sec2}
========================

2.1. Chemicals {#sec2.1}
--------------

All chemicals were from Sigma-Aldrich unless stated differently.

2.2. Cell culture {#sec2.2}
-----------------

Human microvascular endothelial cells (HMEC-1) (ATCC CRL-3243) and pulmonary artery smooth muscle cells (PASMC) (Lonza) were cultivated as previously described \[[@bib40],[@bib41]\]. HMEC-1 is an immortalized cell line established by transfection of human dermal microvascular endothelial cells with a PBR-322-based plasmid containing the coding region for the simian virus 40 A gene product, large T antigen \[[@bib42]\]. HMEC-1 were grown in MCDB131 medium (PAA) supplemented with 1 g/l glucose, 10% fetal calf serum (FCS, PAA), 2 mM L-glutamine, 100 U/ml penicillin (Gibco), 100 *μ*g/ml streptomycin (Gibco), 1 *μ*g/ml hydrocortisone, and 1 *μ*g/ml human epidermal growth factor (hEGF1) (Invitrogen). PASMC were grown in smooth muscle basal medium (SmBM™, Lonza) supplemented by SmGM™-2 SingleQuots™ (Lonza) (containing: FCS, hEGF1, insulin, human fibroblast growth factor B (hFGFB), and gentamicin/amphotericinB). All cells were maintained at 37 °C under the humidified atmosphere of 5% CO~2~. 16 h prior to stimulation cells were placed in a respective basal medium without additives.

2.3. Isolation of cardiomyocytes {#sec2.3}
--------------------------------

Isolated murine hearts were washed and perfused with EDTA buffer (130 mM NaCl, 5 mM KCl, 0.5 mM NaH~2~PO~4~, 10 mM HEPES, 10 mM glucose, 10 mM 2,3-butanedione 2-monoxime, 10 mM taurine, and 5 mM EDTA) and then with perfusion buffer (130 mM NaCl, 5 mM KCl, 0.5 mM NaH~2~PO~4~, 10 mM HEPES, 10 mM glucose, 10 mM 2,3-butanedione 2-monoxime, 10 mM taurine, and 1 mM MgCl~2~). Next, hearts were digested with collagenase buffer (0.5 mg/ml collagenase 2, 0.5 mg/ml collagenase 4, and 0.05 mg/ml protease XIV). Once digestion was completed, perfusion buffer containing 5% FCS was added to the cell-tissue suspension to stop further enzymatic reactions. The suspension containing myocytes was passed through a 100 μm pore-size strainer in order to remove undigested tissue debris. After sequential gravity settlement, myocytes were cultivated in DMEM medium (PAN Biotech) supplemented with 10% fetal calf serum (PAA), 100 U/ml penicillin (Gibco), 100 *μ*g/ml streptomycin (Gibco) and 2,3-butanedione monoxime to prevent myocyte contractions.

2.4. Transfections and luciferase assay {#sec2.4}
---------------------------------------

The expression vector coding for RacT17N and the HIF reporter vector harboring three copies of the hypoxia response element of the 3′UTR of the erythropoietin gene in front of the luciferase gene have been described previously \[[@bib43],[@bib44]\]. Transfections and luciferase assays were performed as described \[[@bib40]\]. Briefly, HMEC-1, grown to 50--70% confluency in 24-well plates, were transiently transfected using Lipofectamine 3000 (Life Technologies GmbH). To assess luciferase activity, cells were harvested and lysed in Reporter Lysis Buffer (Promega) and centrifuged at 500 rcf for 5 min at 4 °C to remove cell debris. Luciferase activities were measured in a luminometer (Berthold) and β-galactosidase activities were determined spectrophotometrically as described in the manufacturer\'s protocol (Promega). Presented data are normalized to β-galactosidase activities and transfection efficiencies.

2.5. Gene silencing {#sec2.5}
-------------------

For gene silencing, HMEC-1 or PASMC were transfected with corresponding short interfering RNAs (siRNA) as has been previously described \[[@bib40],[@bib45]\]. siRNAs targeting p22phox (SI03078523), NOX1 (SI03043530), NOX2 (SI00008736) and NOX4 (SI05137748) were purchased from Qiagen. siRNA against HIF1A (5′-UCAAGUUGCUGGUCAUCAGdTdT-3′) and negative control siRNA (5′- GACUACUGGUCGUUGAAGUdTdT-3′) were synthesized by Eurogentec.

2.6. Gene silencing by lentiviral transduction {#sec2.6}
----------------------------------------------

For *ex vivo* experiments, short hairpin RNA oligonucleotides (shRNA) were used for gene silencing in cultured aortic rings by lentiviral delivery using the BLOCK-iT Inducible H1 Lentiviral RNAi System (Invitrogen) in accordance to the manufacturer\'s manual. shRNAs against p22phox (sense: 5′- CAC CGG TTA ACC CAA TGC CAG TGA CCG AAG TCA CTG GCA TTG GGT TAA CC-3′, anti-sense: 5′- AAA AGG TTA ACC CAA TGC CAG TGA CTT CGG TCA CTG GCA TTG GGT TAA CC -3′), NOX2 (sense: 5′- CAC CGC TGC CAG TGT GTC GAA ATC TCG AAA GAT TTC GAC ACA CTG GCA GC-3′, anti-sense: 5′- AAA AGC TGC CAG TGT GTC GAA ATC TTT CGA GAT TTC GAC ACA CTG GCA GC -3′) and NOX4 (sense: 5′- CAC CGT TGG CCA GCC AGC TCC TCC ACG AAT GGA GGA GCT GGC TGG CCA A-3′, anti-sense: 5′- AAA ATT GGC CAG CCA GCT CCT CCA TTC GTG GAG GAG CTG GCT GGC CCA AC -3′) were generated and cloned into pLenti4 according to the manufacturer\'s instructions. shRNA against GFP (sense: 5′- CAC CGC AAG CTG ACC CTG AAG TTC ATC GAA ATG AAC TTC AGG GTC AGC TTG C-3′, anti-sense: 5′- AAA AGC AAG CTG ACC CTG AAG TTC ATT TCG ATG AAC TTC AGG GTC AGC TTG C-3′) were used as controls. The lentivirus was produced in HEK 293FT cells, and the virus-containing media were harvested for infection of mouse aortic rings. For infection, aortic rings were placed in a 96-well plate (1 ring per well) and supplemented with MCDB131 medium with 1 g/l glucose, 10% FCS (PAA), 100 U/ml penicillin and 100 μg/ml streptomycin (both Gibco), 1 *μ*g/ml hydrocortisone (Sigma) and 1 *μ*g/ml epidermal growth factor - EGF-1 (Invitrogen). After 24 h, medium was removed and 110 *μ*l MCDB131 medium supplemented with hexadimethrine bromide (8 mg/ml, Invitrogen) was added to each well. Subsequently, 15 *μ*l of the appropriate virus-containing media was added to each well. On the following day, medium was exchanged and dexamethasone was added or not.

2.7. Immunoblot analysis {#sec2.7}
------------------------

Proteins were isolated and Western blot analyses were performed as previously described \[[@bib40],[@bib45]\] using antibodies against: NOX2 (Upstate), NOX4 (Epitomics), HIF1α (BD Transduction), PAI1 (American Diagnostica), V5-tag (Cell Signaling), p22phox and β-actin (Santa Cruz).

2.8. Gene expression analysis {#sec2.8}
-----------------------------

Total RNA was isolated and cDNA was synthesized as previously described \[[@bib40],[@bib45]\]. Gene expression was assessed by RT-qPCR as described previously \[[@bib40],[@bib45]\] using the following gene-specific primers: p22phox: 5′-CAC AAA TCA GAC GGC AGC ACT-3′ (sense), 5′-CAT CGG GCG TGG TGA ACT C-3′ (antisense); NOX1: 5′-CAC CCC AAG TCT GTA GTG GGA G-3′ (sense), 5′-CCA GAC TGG AAT ATC GGT GAC A-3′ (anti-sense); NOX2: 5′-GTC ACA CCC TTC GCA TCC ATT CTC AAG TCA GT-3′ (sense), 5′-AAC CAC TCA AAG GCA TGT GTG TC-3′ (anti-sense); NOX4: 5′-CCG GCT GCA TCA GTC TTA ACC-3′ (sense), 5′-TCG GCA CAG TAC AGG CAC AA-3′ (anti-sense); HIF1A: 5′-GAA GAC ATC GCG GGG AC-3′ (sense), 5′-TGG CTG CAT CTC GAG ACT TT-3′ (anti-sense); 18S rRNA 5′-GTA ACC CGT TGA ACC CCA TT-3′ (sense), 5′-CCA TCC AAT CGG TAG TAG CG-3′ (antisense).

2.9. Measurement of superoxide anion production by electron paramagnetic resonance {#sec2.9}
----------------------------------------------------------------------------------

Electron paramagnetic resonance (EPR) using 1-hydroxy-methoxycarbonyl-2,2,5,5-tetramethyl-pyrrolidine hydrochloride (CMH, 10 *μ*M) as a superoxide detecting spin probe \[[@bib46]\] was applied to measure superoxide production rate in cells, aortic rings and pulmonary arteries as previously described \[[@bib45]\]. Superoxide specificity of the approach was validated by addition of PEGylated superoxide dismutase.

2.10. Measurement of superoxide anion levels by 2-hydroxyethidium fluorescence {#sec2.10}
------------------------------------------------------------------------------

Dihydroethidium (DHE) was used for superoxide detection at a final concentration of 50 μM as previously described \[[@bib45]\]. Briefly, aortic samples were macerated in 1 × Krebs Hepes buffer (KHB: 99 mM NaCl, 4.69 mM KCl, 25 mM NaHCO~3~, 1.03 mM KH~2~PO~4~, 5.6 mM [d]{.smallcaps}-glucose, 20 mM Na-HEPES, 2.5 mM CaCl~2~, 1.2 mM MgSO~4~), incubated with DHE at 37 °C for 1 h, washed twice with 1 × KHB and homogenized. 2-Hydroxy-ethidium was extracted in methanol, separated on a C18 column (Sulpelco C18 column 4.6 × 250 mm, 5 μm) and detected by high pressure liquid chromotagraphy (HPLC) using a fluorescence detector (excitation 480 nm, emission 580 nm).

2.11. Measurement of hydrogen peroxide by amplex red assay {#sec2.11}
----------------------------------------------------------

To detect the generation of hydrogen peroxide, a modified amplex red assay (Thermo Fisher) was used. HMEC-1 grown on 96-well plates were washed once with Hank\'s Balanced Salt Solution (HBSS; PAN-Biotech) and incubated with 50 *μ*M amplex red and 0.2 units/ml horseradish peroxidase for 15 min, followed by measurement of the H~2~O~2~-dependent oxidation of amplex red by fluorescence (excitation = 550 nm, emission = 590 nm) using a multiplate fluorescence reader (Tecan).

2.12. Proliferation assay {#sec2.12}
-------------------------

DNA synthesis in HMEC-1 cells was assessed by 5-bromo-2′-deoxyuridine (BrdU, Roche) immunoassay as previously described \[[@bib40]\]. In brief, cells were seeded in 96-well plates to achieve 50% of confluency. Cells were then incubated with BrdU (10 *μ*M) for 16 h. Thereafter, cells were fixed for 30 min and then incubated for 1 h with the peroxidase-conjugated antibody against BrdU. Immunodetection was performed by adding the colorimetric substrate TMB. When the blue color developed, the reaction was stopped with 1 M H~2~SO~4~. Absorbance was measured in an ELISA reader (Tecan) at 450 nm with a reference wavelength at 690 nm.

2.13. In vitro tube formation assay {#sec2.13}
-----------------------------------

*In vitro* tube formation assay was performed with HMEC-1 as previously described \[[@bib40]\]. Briefly, HMEC-1 cells (5000 cells per well) were seeded on a micro-slide angiogenesis plate (Ibidi) that was mounted with growth factor-reduced Matrigel (BD Biosciences). Cells were subsequently incubated for 6 h at 37 °C in the presence or absence of 10 nM dexamethasone and counterstained using calcein AM (BD Biosciences). The formation of capillary-like structures was assessed by fluorescence microscopy (Olympus) using the Openlab Modular Software for Scientific Imaging (Improvision) and was quantified for total tube lengths using Image J software (Wright Cell Imaging Facility).

2.14. Animals {#sec2.14}
-------------

The mouse strain B6 Tyr^+^-Cyba^nmf333^/J (nmf333; Jackson Laboratories) was maintained on a C57BL/6j background as described previously \[[@bib47]\]. It carries a point mutation in exon 5 of the *Cyba* gene (coding for p22phox) leading to the substitution of a tyrosine residue (121) to histidine and loss of p22phox protein while mRNA levels are preserved \[[@bib48]\].

Mice with endothelial- or smooth muscle specific inactivation of HIF1α were generated by cross-breeding either *Tie2-Cre* (B6.Cg-Tg(Tek-cre)12Flv/J; Jackson Laboratories) or *Sm22a-Cre* ([B6.Cg-Tg(Tagln-cre)1Her/J](https://www.jax.org/strain/017491){#intref0010}; Jackson Laboratories) transgenic mice with *Hif1α^+f/+^* mice homozygous for the *Hif1α* allele with exon 2 flanked by *loxP* sites (B6.129-Hif1a^tm3Rsjo^/J; Jackson Laboratories) \[[@bib49]\]. Male mice were orally supplemented with dexamethasone (0.3 mg/kg/day) for 12 weeks. Control litter-mates drunk normal water.

2.15. Ex vivo experimentation {#sec2.15}
-----------------------------

For *ex vivo* analyses, lungs were dissected and macerated, and aortae and intact pulmonary arteries were isolated. Aortic rings and intact pulmonary arteries were placed in MCDB131 medium and exposed to dexamethasone according to the experimental design.

2.16. Hemodynamic measurements {#sec2.16}
------------------------------

Hemodynamic measurements were performed as previously described using a transthoracic approach \[[@bib45]\]. Mice were anesthetized by isoflurane, weighed, and the left chest was shaved. Hemodynamic measurements were performed using a 24 G needle connected to a pressure amplifier (Isotec) and recorded using HSE-HA HAEMODYN W software for hemodynamic studies. The catheter was inserted into the left ventricle (LV) and then carefully advanced to the right ventricle (RV). The correct position was confirmed by observing the characteristic ventricular waveforms. The pressure profiles were recorded after stabilization for 1 min, and systolic LV and RV pressure values were determined. Mice were euthanized in anesthesia by cervical dislocation.

2.17. Ventricular mass assessment {#sec2.17}
---------------------------------

At the end points, left (LV) and right ventricle (RV) mass as well as body mass (BM) were determined. Ventricular hypertrophy was assessed for each ventricle separately by dividing the mass of the corresponding ventricle by BM.

2.18. Immunohistochemistry and histological analyses {#sec2.18}
----------------------------------------------------

Tissue samples were formalin fixed and paraffin-embedded (FFPE) and immunohistochemistry was performed on FFPE cross-sections at 2.5 μm thickness as previously described \[[@bib45]\]. Briefly, heat-induced antigen retrieval was performed at pH 8.0 for 20 min. Sections were blocked in 3% BSA in PBS to block non-specific sites. All sections were incubated with the corresponding primary antibody at a dilution factor of 1:1000 overnight at 4 °C. Mouse α-smooth-muscle actin antibody was from Agilent and mouse 8-hydroxy-2-deoxyguanosine (8OHdG) antibody was from Abcam. Secondary goat anti-mouse antibody conjugated with Alexa Fluor 488 (Invitrogen) was applied for 2 h at room temperature in a dark chamber. Sections were counterstained with 4',6-diamidino-2-phenylindole (DAPI, 1:10000, Enzo) for 5 min and mounted with anti-fade mounting medium (DAKO), visualized using a fluorescence microscope (OLYMPUS) and analysed with cellSens Dimension imaging software (OLYMPUS). In each lung, α-smooth muscle actin-positive vessels (diameter\<30 μm) of four high power fields in 10× magnification were counted. For quantification of 8-OHdG staining, 60 nuclei were randomly analysed in each high power field and absorbance was measured.

2.19. Wheat germ agglutinin assay {#sec2.19}
---------------------------------

To quantify cardiomyocyte size both in left and right ventricle, FFPE heart sections were stained with FITC--Wheat Germ Agglutinin--Alexa Fluor 488 (Invitrogen) to delineate the cell membrane \[[@bib50]\] as previously described \[[@bib47]\]. For each sample 10 different average cardiomyocyte diameters were determined in longitudinally oriented cardiomyocytes by image analysis software (Image J). Nuclei were visualized with DAPI staining \[[@bib40]\]. Criteria for the short axis of the cardiomyocytes were a circular shape and the visibility of the cell nucleus.

2.20. Echocardiography {#sec2.20}
----------------------

Echocardiography was performed with a General Electric Vivid S6 Ultrasound System and a 12i linear array transducer (12 MHz) as previously described \[[@bib51]\]. In brief, mice were anesthetized with inhaled 1.4--1.6% isoflurane/oxygen mixture and left ventricular end diastolic (LVEDD) and end systolic (LVESD) diameters and wall thicknesses were obtained from M-mode tracings using measurements averaged from 3 separate cardiac cycles. Left ventricular fractional shortening (FS) was derived using the equation FS = \[(LVEDD-LVESD)/LVEDD\] x 100.

2.21. Statistical analysis {#sec2.21}
--------------------------

All experimental data have been received from independent experiments. The sample size (number of independent experiments) required to reach an experimental power (1−β) ≥0.8 at a *p*-value threshold of 0.05 was calculated by power analysis using the power.t.test function in R 2.15 (The R foundation). Independent sample preparations from different cellular batches or animals adjusted to the required sample size were then used. Values are presented as mean ± SD. Results were compared by Student--Newman--Keuls *t*-test. *p* \< 0.05 was considered statistically significant. *Post hoc* power analysis to determine (1−β) was performed using Kane SP. Post.ClinCalc: <http://clincalc.com/Stats/Power.aspx>. Updated November 10, 2018.

2.22. Study approval {#sec2.22}
--------------------

All animal procedures were performed in accordance with the European directive 2010/63/EU for animal experiments, and approved by Government of Upper Bavaria, Munich, Germany as the local legislation on protection of animals (55.2.1.54-2532-55-12).

3. Results {#sec3}
==========

3.1. Dexamethasone induces superoxide production in vascular cells and isolated vessels {#sec3.1}
---------------------------------------------------------------------------------------

In order to characterize superoxide production in response to glucocorticoids, human microvascular endothelial cells (HMEC-1) and human pulmonary artery smooth muscle cells (PASMC) were stimulated with different concentrations of the synthetic glucocorticoid dexamethasone (0.1--1000 nM) for 4 h. Subsequently, superoxide generation was measured by electron paramagnetic resonance (EPR) using the spin probe 1-hydroxy-methoxycarbonyl-2,2,5,5-tetramethyl-pyrrolidine hydrochloride (CMH) ([Fig. 1](#fig1){ref-type="fig"}A). In both cell types, superoxide production dose-dependently increased starting at 10 nM dexamethasone. Concomitantly, exposure of HMEC-1 and PASMC to 10 nM dexamethasone for increasing time periods resulted in significantly elevated superoxide levels when treated for 0.5--8 h ([Fig. 1](#fig1){ref-type="fig"}B). In order to show the specificity of CMH for superoxide detection, HMEC-1 were stimulated with dexamethasone in the presence of either polyethylene glycol-superoxide dismutase (PEG SOD), or PEG catalase or both. Indeed, the EPR signal was inhibited by 97--98% in the presence of PEG SOD (alone or together with PEG catalase), while addition of PEG catalase alone had no effect -- thus proving the specificity of the method for superoxide detection ([Fig. 1](#fig1){ref-type="fig"}C). Since superoxide can be rapidly transformed to hydrogen peroxide, we also determined H~2~O~2~ levels in HMEC-1 by amplex red assay ([Fig. 1](#fig1){ref-type="fig"}D). Similar to the results obtained by EPR, dexamethasone increased amplex red mediated fluorescence in HMEC-1 cells ([Fig. 1](#fig1){ref-type="fig"}D). Addition of PEG catalase (alone or with PEG SOD) decreased the signal, while addition of PEG SOD alone had little effect ([Fig. 1](#fig1){ref-type="fig"}D).Fig. 1Dexamethasone induces superoxide generation in vascular cells and vessels.(A) Human microvascular endothelial cells (HMEC-1) and pulmonary artery smooth muscle cells (PASMC) were treated with dexamethasone (Dex, 0.1--1000 nM) for 4 h. The superoxide production rate was measured by EPR using CMH (*n* = 4--6; \**p* \< 0.05 *vs.* Dex 0 nM; (1-β) = 1). (B) HMEC-1 and PASMC were treated with 10 nM dexamethasone (Dex) for increasing time periods. Superoxide production rate was measured as above (*n* = 4--6; \**p* \< 0.05 *vs.* Dex 0 h; (1-β) = 1). (C) HMEC-1 were treated with 10 nM dexamethasone (Dex) for 4 h and superoxide production rate was measured in the presence of either polyethylene glycol (PEG) superoxide dismutase (SOD) or PEG catalase (cat) or both (SOD + cat) as above (*n* = 6; \**p* \< 0.05 *vs.* Dex CTRCtr; (1-β) = 1). (D) HMEC-1 were treated with 10 nM dexamethasone (Dex) for 4 h and hydrogen peroxide levels were measured in the presence of PEG SOD (SOD) or PEG catalase (cat) or both (SOD + cat) by amplex red assay (*n* = 4; \**p* \< 0.05 *vs.* Dex 0 h; (1-β) = 1). (E) Murine aortic rings (aortae) or pulmonary arteries (PA) were incubated with 10 nM dexamethasone (Dex) *ex vivo.* Superoxide production rate was measured as above (*n* = 4--6; \**p* \< 0.05 *vs.* Dex 0 h; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 1

To test the effects of dexamethasone on intact vessels, murine aortae and pulmonary arteries were explanted and exposed to 10 nM dexamethasone for 0.5 and 4 h. Similar to the situation with cultivated cells, dexamethasone increased the generation of superoxide in both vessel types as determined by EPR ([Fig. 1](#fig1){ref-type="fig"}E). Similar results were obtained using dihydroethidium assay in high pressure liquid chromatography (Suppl. [Fig. 1](#fig1){ref-type="fig"}).

3.2. Dexamethasone-induced superoxide production is mediated by the glucocorticoid receptor {#sec3.2}
-------------------------------------------------------------------------------------------

Next, the role of the glucocorticoid receptor (GR) in glucocorticoid-stimulated superoxide generation was assessed. Inhibition of the GR by pre-treatment with mifepristone (RU486) prevented superoxide production in HMEC-1 ([Fig. 2](#fig2){ref-type="fig"}A) and in PASMC ([Fig. 2](#fig2){ref-type="fig"}B) after dexamethasone stimulation. Since the activated glucocorticoid receptor has been reported to signal via binding to the p85α subunit of phosphatidylinositol-4, 5-bisphosphate 3-kinase (PI-3 kinase) \[[@bib52]\], we tested the involvement of this pathway in dexamethasone-induced ROS generation. Pre-treatment with the PI-3 kinase inhibitor LY294002 for 1 h attenuated dexamethasone-induced superoxide production ([Fig. 2](#fig2){ref-type="fig"}C).Fig. 2Glucocorticoid receptor signaling mediates superoxide production in vascular cells in response to dexamethasone.(A/B) Human microvascular endothelial cells (HMEC-1) (A) and pulmonary artery smooth muscle cells (PASMC) (B) were treated with the glucocorticoid receptor inhibitor mifepristone (RU486, 500 *μ*M) for 1 h prior to treatment with 10 nM dexamethasone (Dex), and superoxide production rate was measured by EPR using CMH (*n* = 4--6; \**p* \< 0.05 *vs.* CtrDex 0 h; ^\#^*p* \< 0.05, *vs.* CtrDex 0.5 h or CtrDex 4 h; (1-β) = 1). (C) HMEC-1 were treated with the PI3-kinase inhibitor LY294002 (100 *μ*M) for 1 h prior to treatment with 10 nM Dex, and superoxide production rate was measured as above (*n* = 3; \**p* \< 0.05 *vs.* CtrDex 0 h; ^\#^*p* \< 0.05, *vs.* either CtrDex 0.5 h or CtrDex 4 h; (1-β) = 1). (D/E) HMEC-1 (D) and PASMC (E) were treated with the xanthine oxidase inhibitor oxypurinol (Oxy, 100 *μ*M*)*, inhibitors of mitochondrial complex II (TTFA, 100 *μ*M) or complex I (rotenone, Rot, 100 *μ*M), the NADPH oxidase inhibitor GKT-137831 (GKT, 50 *μ*M) or the nitric oxide synthase inhibitor L-(G)-nitro-[l]{.smallcaps}-arginine methyl ester ([l]{.smallcaps}-NAME, 300 *μ*M) (only D) for 1 h prior to treatment with Dex (10 nM), and superoxide production rate was measured as above (*n* = 3--4; \**p* \< 0.05 *vs.* CtrDex 0 h; ^*\#*^*p \<* 0.05 *vs.* CtrDex 0.5 h or CtrDex 4 h; (1-β) = 1). (F) HMEC-1 were treated with the mitochondria targeted scavenger MitoQ (100 *μ*M), and superoxide production rate was measured as above (*n* = 4; \**p* \< 0.05 *vs.* CtrDex 0 h; ^*\#*^*p \<* 0.05 *vs.* CtrDex 4 h; (1-β)\>0.911). Two-tailed Student\'s *t*-test was used in all cases.Fig. 2

3.3. Dexamethasone-induced superoxide production is derived from NADPH oxidases in vascular cells {#sec3.3}
-------------------------------------------------------------------------------------------------

Next, the sources of superoxide generation following dexamethasone stimulation were examined. To this end, HMEC-1 ([Fig. 2](#fig2){ref-type="fig"}D) and PASMC ([Fig. 2](#fig2){ref-type="fig"}E) were treated with the xanthine oxidase inhibitor oxypurinol as well as with rotenone, an inhibitor of mitochondrial complex I and TTFA, an inhibitor of mitochondrial complex II. However, none of these inhibitors significantly affected basal and dexamethasone-induced superoxide production neither in HMEC-1 nor in PASMC. To assure, that CMH-based EPR is indeed able to detect mitochondrial superoxide production as has been reported previously \[[@bib46]\], cells were pre-treated with the mitochondria-targeted ROS scavenger MitoQ ([Fig. 2](#fig2){ref-type="fig"}F). Compared to control conditions, application of MitoQ decreased dexamethasone-induced superoxide generation suggesting that dexamethasone increases mitochondrial superoxide generation independently from complex I and complex II ([Fig. 2](#fig2){ref-type="fig"}F).

Similarly, treatment with the eNOS inhibitor [l]{.smallcaps}-NAME did not affect dexamethasone-induced superoxide generation in HMEC-1 ([Fig. 2](#fig2){ref-type="fig"}D), thus ruling out uncoupled eNOS as a source of superoxide in this context. Treatment with the NADPH oxidase inhibitor GKT-137831 \[[@bib53]\], however, decreased dexamethasone-induced superoxide production in HMEC-1 ([Fig. 2](#fig2){ref-type="fig"}D), as well as in PASMC ([Fig. 2](#fig2){ref-type="fig"}E). Similarly, GKT-137831 also reduced the increase in hydrogen peroxide levels induced by dexamethasone in HMEC-1 as was determined by amplex red assay (Suppl. [Fig. 2](#fig2){ref-type="fig"}).

To further dissect the role of NADPH oxidases in the response to dexamethasone, HMEC-1 and PASMC were depleted from p22phox, which is required for the function of the majority of NADPH oxidases, by RNAi ([Fig. 3](#fig3){ref-type="fig"}A/B, Suppl. [Fig. 3](#fig3){ref-type="fig"}). In both cell types, loss of p22phox decreased superoxide formation in response to 0.5 and 4 h dexamethasone treatment. Since p22phox can interact with NOX1, NOX2 and NOX4 in vascular cells, HMEC-1 and PASMC were silenced for these subunits by RNAi ([Fig. 3](#fig3){ref-type="fig"}A/B, Suppl. [Fig. 3](#fig3){ref-type="fig"}). While depletion of NOX2 and NOX4 efficiently diminished superoxide production by dexamethasone in both cell types, depletion of NOX1 was less effective in particular in HMEC-1. Furthermore, we tested whether the GTPase Rac1 which is required for activation of NOX2 and NOX1, is involved in dexamethasone-induced superoxide production. Compared to control cells, HMEC-1 expressing dominant-negative RacT17N showed a reduced response towards dexamethasone ([Fig. 3](#fig3){ref-type="fig"}C, Suppl. [Fig. 4](#fig4){ref-type="fig"}). Since NOX4 has been reported to also generate hydrogen peroxide, we further assessed hydrogen peroxide levels in the context of NOX4 deficiency and dexamethasone treatment ([Fig. 3](#fig3){ref-type="fig"}D). Similar to superoxide generation, hydrogen peroxide levels were decreased in dexamethasone-treated HMEC-1 silenced for NOX4.Fig. 3NADPH oxidases generate superoxide in vascular cells and vessels in response to dexamethasone.(A/B) Human microvascular endothelial cells (HMEC-1) (A) and pulmonary artery smooth muscle cells (PASMC) (B) were silenced for either p22phox, NOX1, NOX2 or NOX4 using RNAi or were transfected with siCtr and exposed to dexamethasone (Dex, 10 nM). Superoxide production was measured as above (*n* = 3--5; \**p* \< 0.05 *vs.* siCtrDex 0 h; ^*\#*^*p \<* 0.05 *vs.* siCtrDex 0.5 h or siCtrDex 4 h; (1-β) = 1). (C) HMEC-1 were transfected with a vector coding for dominant-negative Rac1 (RacT17N) or with control vector (Ctr) and treated with dexamethasone (Dex, 10 nM). Superoxide production rate was measured as above (*n* = 3; \**p* \< 0.05 *vs.* CtrDex 0 h; ^\#^*p* \< 0.05 *vs.* either CtrDex 0.5 h or CtrDex 4 h; (1-β) = 1). (D) HMEC-1 were silenced for NOX4 using RNAi or transfected with siCtr and exposed to Dex (10 nM) for 4 h, and hydrogen peroxide levels were measured by amplex red assay (*n* = 4; \**p* \< 0.05 *vs.* siCtrCtr 0 h; ^\#^*p* \< 0.05 *vs.* siCtrDex 4 h; (1-β) = 0.877). (E) Murine aortic rings were transduced by lentiviral delivery of shRNA targeting either p22phox, NOX2 or NOX4, or of scrambled RNA (shCtr) and exposed to dexamethasone (Dex, 10 nM). Superoxide production was measured as above (n = 3; *\*p \<* 0.05 *vs.* shCtrDex 0 h; ^*\#*^*p \<* 0.05 *vs.* shCtrDex 0.5 h or shCtrDex 4 h; (1-β) = 1). (F) Aortic rings from CD57BL6j (WT) mice and mice lacking p22phox due to a point mutation in the *Cyba* gene (nmf333) were exposed to dexamethasone (Dex, 10 nM). Superoxide production was measured as above (n = 3; *\*p \<* 0.05 *vs.* WTDex 0 h; ^*\#*^*p \<* 0.05 *vs.* WTDex 0.5 h or WTDex 4 h; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 3Fig. 4Dexamethasone upregulates NADPH oxidase protein levels in vascular cells and murine lungs.(A/B) Human microvascular endothelial cells (HMEC-1) were stimulated with dexamethasone (Dex, 10 nM) for increasing time periods as indicated. (A) Western blot analyses were performed using antibodies against p22phox, NOX2 and NOX4. β-Actin served as loading control (*n* = 3,\**p* \< 0.05 *vs.* Dex 0 h; (1-β) = 1). Representative blots are shown. (B) RT-qPCR was performed using gene-specific primers for p22phox, NOX2, and NOX4 or for 18S rRNA for normalization (*n* = 3,\**p* \< 0.05 *vs.* Dex 0 h; (1-β) = 1). (C) CD57BL6j mice were orally supplemented with dexamethasone (Dex, 0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). Western blot analyses were performed on murine lung tissues using antibodies against p22phox, NOX2 and NOX4. β-Actin served as loading control (*n* = 3,\**p* \< 0.05 *vs.* Ctr; (1-β) = 1). Representative blots are shown. Two-tailed Student\'s *t*-test was used in all cases.Fig. 4

To test the involvement of NADPH oxidases in the response to dexamethasone also in isolated vessels, mouse aortic rings were transduced with lentiviral vectors encoding shRNAs against p22phox, NOX2 or NOX4 ([Fig. 3](#fig3){ref-type="fig"}E, Suppl. [Fig. 5](#fig5){ref-type="fig"}). In line with the data in cultivated cells, downregulation of p22phox, NOX2 and NOX4 decreased superoxide production rate upon treatment with dexamethasone.Fig. 5Dexamethasone promotes proliferative responses via NADPH oxidases and hypoxia-inducible factor-1 in endothelial cells.(A--C) Human microvascular endothelial cells (HMEC-1) were transfected with siRNA against p22phox, NOX2, NOX4 or scrambled RNA (siCtr). (A) Cells were exposed to dexamethasone (Dex, 10 nM) for 24 h or remained untreated (Ctr), and a 5-bromo-2′deoxyuridine (BrdU) incorporation assay was performed (*n* = 3,\**p* \< 0.05 *vs.* siCtrCtr; ^\#^*p* \< 0.05 *vs.* siCtrDex; (1-β) = 1). (B/C) HMEC-1 were seeded on matrigel for an *in vitro* tube formation assay and exposed to dexamethasone (Dex, 10 nM) for 6 h or remained untreated (Ctr). (B) Representative figures are shown. (C) For quantification, total tube lengths were evaluated (*n* = 3, \**p* \< 0.05 *vs.* siCtrCtr; ^*\#*^*p* \< 0.05 *vs.* siCtrDex; (1-β) = 1). (D--F) HMEC-1 were transfected with siRNA against HIF1α (siHIF1α) or with scrambled RNA (siCtr). (D/E) Cells were seeded on matrigel for an *in vitro* tube formation assay and exposed to dexamethasone (Dex, 10 nM) for 6 h. (D) Representative figures are shown. (E) For quantification, total tube lengths were evaluated (*n* = 3, \**p* \< 0.05 *vs.* siCtrCtr; ^*\#*^*p* \< 0.05 *vs.* siCtrDex; (1-β) = 1). (F) For BrdU incorporation assay, cells were exposed to dexamethasone (Dex, 10 nM) for 6 h or remained untreated (Ctr) (*n* = 3, \**p* \< 0.05 *vs.* siCtrCtr; ^*\#*^*p* \< 0.05 *vs.* siCtrDex; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 5

The effect of dexamethasone on vascular superoxide generation was next determined in a model of endogenous deficiency of functional NADPH oxidases: aortae were isolated from nmf333 mice lacking p22phox protein due to a point mutation in the *Cyba* gene encoding p22phox \[[@bib48]\]. Compared to vessels from wild type mice, superoxide production upon dexamethasone treatment was diminished in p22phox-deficient vessels ([Fig. 3](#fig3){ref-type="fig"}F, Suppl. [Fig. 6](#fig6){ref-type="fig"}).Fig. 6Dexamethasone increases HIF1α protein levels and HIF activity.(A/B) Human microvascular endothelial cells (HMEC-1) (A) and human pulmonary artery smooth muscle cells (PASMC) (B) were exposed to dexamethasone (Dex, 10 nM) for different time periods as indicated on the graph. Western blot analyses were performed using antibodies against HIF1α and plasminogen activator inhibitor 1 (PAI1). β-Actin served as loading control (n = 3,\**p* \< 0.05 *vs.* Dex 0 h; (1-β)\>0.885). Representative blots are shown. (C) Wild type mice were orally supplemented with Dex (0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). Western blot analyses were performed from lung tissue lysates using an antibody against HIF1α. β-Actin served as loading control. Representative blots are shown. (D) HMEC-1 were transfected with a luciferase construct driven by three hypoxia-response elements from the 3\'UTR of the erythropoietin gene (EPO-HRE) and exposed to Dex (10 nM) for 8 h. Luciferase assay was performed (n = 3, \**p* \< 0.05 vs. Ctr; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 6

3.4. Dexamethasone increases the expression of NADPH oxidases {#sec3.4}
-------------------------------------------------------------

Since the data suggested that p22phox, NOX2 and NOX4 are important for dexamethasone-induced superoxide generation, we tested, in a next step, whether dexamethasone would also affect the expression levels of these NADPH oxidase subunits. For that purpose, HMEC-1 were stimulated with 10 nM dexamethasone for increasing time periods and Western blot and RT-qPCR analyses were performed ([Fig. 4](#fig4){ref-type="fig"}A/B). Exposure to dexamethasone rapidly increased protein and mRNA levels of p22phox and NOX4 in a time-dependent manner starting at 0.5 h and increasing until 8 h of treatment, while NOX2 levels remained unchanged. To test whether treatment with dexamethasone could also increase NADPH oxidase levels *in vivo*, lung tissue, which is highly vascularized, was extracted from wild type mice orally treated with dexamethasone (0.3 mg/kg/day) for 12 weeks. Western blot analyses revealed increased levels of p22phox and NOX4, but not NOX2, as was observed in cultivated vascular cells ([Fig. 4](#fig4){ref-type="fig"}C).

3.5. Dexamethasone enhances endothelial cell proliferation involving NADPH oxidases and HIF1a {#sec3.5}
---------------------------------------------------------------------------------------------

ROS derived from NADPH oxidases have been previously shown to promote vascular proliferation and angiogenesis \[[@bib54]\]. We, therefore, asked whether induction of ROS generation by NADPH oxidases through dexamethasone treatment would also affect proliferative responses of vascular cells. To this end, HMEC-1 were depleted of p22phox, NOX2 and NOX4 and proliferation was determined by 5-bromo-2′deoxyuridine (BrdU) incorporation assay ([Fig. 5](#fig5){ref-type="fig"}A). While treatment of control cells with 10 nM dexamethasone for 24 h enhanced BrdU incorporation, this response was abolished in cells deficient of p22phox, NOX2 or NOX4 ([Fig. 5](#fig5){ref-type="fig"}A). As endothelial cell proliferation is associated with the formation of new vessels, we next tested whether dexamethasone and induction of NADPH oxidases would also affect the angiogenic response of HMEC-1. To this end, control cells and cells depleted of p22phox, NOX2 or NOX4 were plated on matrigel and exposed to dexamethasone for 6 h. While dexamethasone enhanced tube formation as an indicator of angiogenesis in control cells, this response was not observed in cells depleted of p22phox, NOX2 or NOX4 ([Fig. 5](#fig5){ref-type="fig"}B/C).

As the transcription factor HIF1 is known to regulate angiogenesis under hypoxia \[[@bib55]\], we tested whether HIF1 would also be involved in dexamethasone-induced tube formation. In contrast to control cells, in HMEC-1 depleted of HIF1α by siRNA, the angiogenic response towards dexamethasone was blunted ([Fig. 5](#fig5){ref-type="fig"}D/E, Suppl. [Fig. 6](#fig6){ref-type="fig"}). In addition, depletion of HIF1α also decreased dexamethasone-induced proliferation of HMEC-1 ([Fig. 5](#fig5){ref-type="fig"}F).

3.6. Dexamethasone upregulates hypoxia-inducible factor-1 involving p22phox-dependent NADPH oxidases {#sec3.6}
----------------------------------------------------------------------------------------------------

As HIF1α was involved in the angiogenic response towards dexamethasone, we tested whether dexamethasone would be able to induce and activate this transcription factor. Indeed, dexamethasone treatment upregulated protein levels of HIF1α, the inducible subunit of HIF1, in a time-dependent manner in HMEC-1 ([Fig. 6](#fig6){ref-type="fig"}A) and PASMC ([Fig. 6](#fig6){ref-type="fig"}B). HIF1α protein levels were also elevated in lungs from dexamethasone-treated wild type mice ([Fig. 6](#fig6){ref-type="fig"}C). Dexamethasone further increased HIF activity in HMEC-1 as was determined by a reporter gene assay ([Fig. 6](#fig6){ref-type="fig"}D). In line, dexamethasone also elevated protein levels of the HIF target gene plasminogen activator inhibitor-1 (PAI1), which is known to promote vascular proliferation and angiogenesis \[[@bib56]\], in HMEC-1 ([Fig. 6](#fig6){ref-type="fig"}A) and PASMC ([Fig. 6](#fig6){ref-type="fig"}B). Furthermore, pretreatment with RU486 diminished the induction of HIF1α by dexamethasone ([Fig. 7](#fig7){ref-type="fig"}A), indicating the involvement of the glucocorticoid receptor. To test whether ROS and NADPH oxidases are involved in the regulation of HIF1α levels by dexamethasone, HMEC-1 were treated with the NADPH oxidase inhibitor GKT-137831 ([Fig. 7](#fig7){ref-type="fig"}A). In fact, HIF1α protein levels were diminished by this inhibitor in dexamethasone-treated HMEC-1. In support, in HMEC-1 cells depletion of p22phox ([Fig. 7](#fig7){ref-type="fig"}B) or NOX4 ([Fig. 7](#fig7){ref-type="fig"}C) significantly lowered HIF1α protein levels in response to dexamethasone treatment, while this response did not reach significance when NOX2 was depleted ([Fig. 7](#fig7){ref-type="fig"}D).Fig. 7NADPH oxidases promote dexamethasone-induced HIF1α protein levels.(A) HMEC-1 were treated or not (Ctr) with either RU486 (RU, 500 *μ*M) or GKT-137831 (GKT, 50 *μ*M) for 1 h prior to treatment with dexamethasone (Dex, 10 nM) for 4 h. Western blot analyses were performed using an antibody against HIF1α. β-Actin served as loading control (*n* = 3; \**p* \< 0.05 *vs.* Ctr; ^*\#*^*p \<* 0.05 *vs.* Dex; (1-β)\>0.955). Representative blots are shown. (B) HMEC-1 were transfected with siRNA against p22phox (sip22) or control siRNA (siCtr) and exposed to dexamethasone (Dex, 10 nM) for 4 h. Western blot analyses were performed using antibodies against p22phox and HIF1α. β-Actin served as loading control (*n* = 3; \**p* \< 0.05 *vs.* siCtrDex 0 h; ^*\#*^*p \<* 0.05 *vs.* siCtrDex 4 h; (1-β) = 1). Representative blots of are shown. (C/D) HMEC-1 were transfected with siCtr or siRNA against NOX4 (siN4/siNOX4) (C) or NOX2 (siN2/siNOX2) (D) and exposed to Dex (10 nM) for 4 h. Western blot analyses were performed using antibodies against NOX4, NOX2 and HIF1α. β-Actin served as loading control (*n* = 3; \**p* \< 0.05 *vs.* siCtrDex 0 h; ^*\#*^*p \<* 0.05 *vs.* siCtrDex 4 h; (1-β) = 1). Representative blots are shown. Two-tailed Student\'s *t*-test was used in all cases.Fig. 7

3.7. p22phox-dependent NADPH oxidases promote dexamethasone-induced hypertension and left ventricular dysfunction {#sec3.7}
-----------------------------------------------------------------------------------------------------------------

As dexamethasone treatment has been previously reported to lead to hypertension, we tested whether NADPH oxidases would contribute to this response. To this end, wild type mice and mice lacking p22phox protein and thus functional NADPH oxidases due to a mutation in the *Cyba* gene (nmf333) were chronically treated with low doses of dexamethasone (0.3 mg/kg/day) supplemented in the drinking water for 12 weeks. Indeed, hemodynamic measurements showed that treatment of wild type mice with dexamethasone increased left ventricular systolic pressure indicative of systemic hypertension ([Fig. 8](#fig8){ref-type="fig"}A). Consequently, dexamethasone-treated mice showed an increase in left ventricular mass and enlarged cardiomyocytes in the left ventricle pointing to the development of left ventricular hypertrophy ([Fig. 8](#fig8){ref-type="fig"}B--D). However, mice lacking p22phox were partially protected against dexamethasone-induced hypertension and left ventricular hypertrophy ([Fig. 8](#fig8){ref-type="fig"}A--D).Fig. 8Dexamethasone increases left ventricular pressure, remodeling and dysfunction dependent on p22phox.(A/B) Wild type mice (WT) and mice deficient of p22phox due to a point mutation in the *Cyba* gene (nmf333) were orally supplemented with dexamethasone (Dex, 0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). (A) Left ventricular (LV) pressure was determined hemodynamically (*n* = 6; \**p* \< 0.05 *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β) = 1). (B) Body mass (BM) and the mass of the left ventricle and septum (LVM) were evaluated, and LVM/BM ratios were determined ( *n* = 6; \**p* \< 0.05, *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β)\>0.837). (C/D) Formalin-fixed paraffin embedded (FFPE) sections from the left ventricle were stained with wheat germ agglutinin. Nuclei were visualized with DAPI. (C) Representative stainings are shown. Scale bar with asterisk represents 10 *μ*m. (D) LV cardiomyocyte diameters were determined in four high power fields per LV section (*n* = 5-6; \**p* \< 0.05, vs. WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β)\>0.875). (E) Cardiomyocytes isolated from wild type mice were stimulated with dexamethasone (Dex, 10 nM) and superoxide generation was determined by EPR using CMH (*n* = 8; \**p* \< 0.05, *vs.* Ctr; (1-β) = 1). (F/G) FFPE heart sections were stained with an antibody against 8-hydroxy-2-deoxyguanosine (8OHdG). Nuclei were visualized with DAPI. (F) Representative stainings are shown. (G) Fluorescence intensity of 60 nuclei was measured in four high power fields per heart section (*n* = 4-6; \**p* \< 0.05, vs. WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 8

To evaluate whether dexamethasone might be able to also exert a direct effect on cardiomyocyte superoxide production, cardiomyocytes were isolated from wild type mice and stimulated with dexamethasone (10 nM) for 4 h ([Fig. 8](#fig8){ref-type="fig"}E). Indeed, treatment with dexamethasone increased superoxide generation measured by EPR using CMH. Moreover, as a surrogate marker for increased ROS in tissues, heart sections were stained for the oxidative DNA damage marker 8-hydroxy-2-deoxyguanosine (8OHdG) ([Fig. 8](#fig8){ref-type="fig"}F). 8OHdG staining was increased in hearts from dexamethasone-treated wild type mice, while this response was markedly lower in hearts from dexamethasone-treated nmf333 mice ([Fig. 8](#fig8){ref-type="fig"}G).

Subsequently, echocardiography showed that dexamethasone treatment of wild type mice leads to an enlarged left ventricle with increased left ventricular end-systolic and end-diastolic diameter, but decreased left ventricular wall thickness and decreased fractional shortening ([Fig. 9](#fig9){ref-type="fig"}). Again, p22phox-deficient mice were partially protected against dexamethasone-induced left ventricular dysfunction ([Fig. 9](#fig9){ref-type="fig"}).Fig. 9Dexamethasone increases left ventricular dysfunction dependent on p22phox.Wild type mice (WT) and mice deficient of p22phox due to a point mutation in the *Cyba* gene (nmf333) were orally supplemented with dexamethasone (Dex, 0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). Echocardiography of the left ventricle was performed in M-mode. Representative echocardiography figures are shown (*n* = 3--4, \**p* \< 0.05 WTCtr *vs.* nmf333Ctr; \*\**p* \< 0.05 WTCtr *vs.* WTDex; ^\#^*p* \< 0.05 WTDex *vs.* nmf333Dex; (1-β)\>0.999). Two-tailed Student\'s *t*-test was used in all cases. n.s. - not significant; n -- number of mice; RR -- interval duration; HR -- heart rate; IVSd - intraventricular septal width (diastole); LVPWd - left ventricular posterior wall (diastole); LVEDD - left ventricular end-diastolic diameter; LVESD - left ventricular end-systolic diameter; FS - fractional shortening.Fig. 9

3.8. NADPH oxidases promote pulmonary hypertension upon dexamethasone treatment {#sec3.8}
-------------------------------------------------------------------------------

Interestingly, hemodynamic measurements further showed that dexamethasone treatment not only increased the pressure in the left, but also in the right ventricle ([Fig. 10](#fig10){ref-type="fig"}A). Moreover, right ventricular mass and the size of right ventricular cardiomyocytes were increased indicative of right ventricular hypertrophy ([Fig. 10](#fig10){ref-type="fig"}B/C). However, mice lacking p22phox were partially protected against dexamethasone-induced pulmonary hypertension and right ventricular hypertrophy ([Fig. 10](#fig10){ref-type="fig"}A--C).Fig. 10Dexamethasone increases right ventricular pressure and remodeling dependent on p22phox. (A-D) Wild type mice (WT) and mice deficient of p22phox due to a point mutation in the *Cyba* gene (nmf333) were orally supplemented with dexamethasone (Dex, 0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). (A) Right ventricular (RV) pressure was determined hemodynamically (*n* = 6; \**p* \< 0.05 *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β)\>0.825). (B) Body mass (BM) and the mass of the right ventricle (RVM) were evaluated, and RVM/BM ratios were determined (*n* = 6; \**p* \< 0.05, *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β)\>0.856). (C/D) Formalin-fixed paraffin embedded sections from the right ventricle were stained with wheat germ agglutinin. (C) Representative stainings are shown. Scale bar with asterisk represents 10 *μ*m. (D) RV cardiomyocyte diameters were determined in four high power fields per RV section (*n* = 6; \**p* \< 0.05, *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β)\>0.832). Two-tailed Student\'s *t*-test was used in all cases.Fig. 10

As increased right ventricular pressure and right ventricular hypertrophy are often associated with remodeling of the pulmonary vasculature in pulmonary hypertension, α-smooth muscle actin positive vessels were determined in lung tissue sections. In fact, dexamethasone-treated wild type mice showed an increased number of small muscularized vessels in lungs indicative of pulmonary vascular remodeling ([Fig. 11](#fig11){ref-type="fig"}A/B). However, similar to the situation with cardiac remodeling, pulmonary vascular remodeling was decreased in lungs derived from dexamethasone-treated nmf333 mice ([Fig. 11](#fig11){ref-type="fig"}A/B). Moreover, similar to the situation in the heart, dexamethasone treatment increased 8OHdG staining in wild type lungs, while this response was reduced in lungs from dexamethasone-treated nmf333 mice ([Fig. 11](#fig11){ref-type="fig"}C/D).Fig. 11p22phox promotes dexamethasone-induced pulmonary vascular remodeling and pulmonary ROS.(A--D) Wild type mice (WT) and mice deficient of p22phox due to a point mutation in the *Cyba* gene (nmf333) were orally supplemented with dexamethasone (Dex, 0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). Formalin-fixed paraffin embedded (FFPE) lung sections were stained with primary antibodies against (A/B) α-smooth muscle actin (α-SMA) or (C/D) 8-hydroxy-2-deoxyguanosine (8OHdG) and visualized with a secondary antibody conjugated with Alexa Fluor 488. Nuclei were visualized with DAPI. (A/C) Representative stainings are shown. (B) α-SMA-positive small- and medium-sized arterioles (\<30 *μ*m) were counted and related to the total number of arterioles of the same diameter in four high power fields per lung section (*n* = 4; \**p* \< 0.05, *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β)\>0.994). (D) Fluorescence intensity of 60 nuclei was measured in four high power fields per lung section (*n* = 4; \**p* \< 0.05, *vs.* WTCtr; ^\#^*p* \< 0.05 *vs.* WTDex; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 11

3.9. HIF1α contributes to dexamethasone-induced pulmonary vascular remodeling {#sec3.9}
-----------------------------------------------------------------------------

To test whether induction of HIF1α by dexamethasone and NADPH oxidases would also play a role in the *in vivo* setting, HIF1α levels were determined in lungs and hearts of mice chronically treated with dexamethasone ([Fig. 12](#fig12){ref-type="fig"} A/B). Similar to the situation *in vitro*, dexamethasone treatment increased the levels of HIF1α in control mice; however, this increase was significantly lower in p22phox-deficient mice indicating that NADPH oxidases are required for the induction of HIF1α also *in vivo*.Fig. 12Dexamethasone-induced pulmonary vascular remodeling is dependent on p22phox and HIF1α.(A/B) Wild type mice (WT) and mice deficient of p22phox due to a point mutation in the *Cyba* gene (nmf333) were orally supplemented with dexamethasone (Dex, 0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). Western blot analyses were performed from lung (A) and heart (B) tissue lysates using antibodies against HIF1α and p22phox. β-Actin served as loading control (*n* = 3--4, \**p* \< 0.05 WT DEX 0 wk; ^\#^*p* \< 0.05 *vs.* WT Dex 12 wk; (1-β) = 1). Representative blots are shown. (C/D) Tie2CreHIF1α mice lacking HIF1α in endothelial cells (EC-HIF1α), Sm22CreHIF1α mice lacking HIF1α in smooth muscle cells (SM-HIF1α) and HIF1α^fl/fl^ mice were orally supplemented with Dex (0.3 mg/kg/day) in the drinking water for 12 weeks. Litter mates drunk normal water (Ctr). Formalin-fixed paraffin embedded lung tissue sections were stained with an antibody against α-smooth muscle actin (α-SMA) to visualize vascular remodeling. (C) Representative stainings are shown. (D) α-SMA-positive small- and medium-sized arterioles (\<30 *μ*m) were counted and related to the total number of arterioles of the same diameter in four high power fields per lung section (*n* = 4; \**p* \< 0.05, *vs.* HIF1α^fl/fl^ Ctr; ^\#^*p* \< 0.05 *vs.* HIF1α^fl/fl^ Dex; (1-β) = 1). Two-tailed Student\'s *t*-test was used in all cases.Fig. 12

Next, we tested whether the NADPH oxidase target HIF1α would also be involved in the chronic response towards dexamethasone *in vivo*. Since our results showed that dexamethasone treatment increased HIF1α levels in endothelial and smooth muscle cells, which both contribute to pulmonary vascular remodeling, mice lacking HIF1α in the endothelial or smooth muscle cell layer were treated with dexamethasone for 12 weeks ([Fig. 12](#fig12){ref-type="fig"}C/D). Compared to control mice, dexamethasone-induced pulmonary vascular remodeling was decreased in mice lacking HIF1α either in the endothelium (Tie2CreHIF1α) or in smooth muscle cells (Sm22CreHIF1α) similar to the situation with nmf333 mice.

4. Discussion {#sec4}
=============

In this study, we demonstrate that chronic glucocorticoid excess induced by treatment with low dose dexamethasone upregulates and activates p22phox-dependent NADPH oxidases leading to systemic hypertension, cardiac dysfunction and subsequently pulmonary hypertension in conjunction with pulmonary vascular remodeling. Mechanistically, activation of the HIF pathway following increased vascular superoxide generation contributed to this response.

Although dexamethasone and other glucocorticoids have been reported to decrease the levels of ROS in vascular cells, these studies used dexamethasone in activated or pre-stimulated cells often mimicking an inflammatory condition \[[@bib28], [@bib29], [@bib30], [@bib31], [@bib32], [@bib33]\]. However, the effects of glucocorticoids on untreated cells or healthy tissues have been overlooked for a long time. Our study showed that in cardiovascular cells and isolated vessels, dexamethasone concentrations between 10 nM and 1 μM robustly increased superoxide production and H~2~O~2~ levels. This is in line with more recent studies, demonstrating increased ROS levels upon exposure to dexamethasone in endothelial and smooth muscle cells \[[@bib35],[@bib58]\], but also in several other cell types \[[@bib59], [@bib60], [@bib61], [@bib62], [@bib63]\], independent from an inflammatory or otherwise stimulated condition. In support, an increase in blood oxidative stress markers has been reported in patients with hypercortisolism (M. Cushing) \[[@bib64],[@bib65]\].

Previous reports suggested that glucocorticoids can exert an inhibitory effect on NO synthases which indirectly could contribute to increased superoxide levels \[[@bib8]\]. However, NO synthase inhibition had no effects on superoxide levels suggesting that neither a decrease in functional NO synthase nor uncoupling of NO synthase significantly contributed to dexamethasone-stimulated superoxide generation. Furthermore, xanthine oxidase did not appear to mediate the ROS response to dexamethasone in vascular cells whereas the mitochondrial scavenger MitoQ seemed to reduce ROS generation after dexamethasone treatment. While dexamethasone has been linked to mitochondrial dysfunction in some cell types \[[@bib66]\], inhibition of complex I and complex II did not affect ROS generation in our study, suggesting the involvement of other mitochondrial ROS sources. Interestingly, recent studies suggest that the p22phox-dependent NADPH oxidase NOX4 could promote mitochondrial ROS production \[[@bib67]\]. In line, our data provide strong evidence for a crucial role of p22phox-dependent NADPH oxidases promoting superoxide production in response to dexamethasone *in vitro* and *in vivo*. Mechanistically, increased ROS load by dexamethasone was, on the one hand, mediated by upregulation of p22phox and, dependent on the cell type, NOX1 and/or NOX4, at the mRNA and protein level in cultivated cells as well as in the *in vivo* situation. On the other hand, Rac1 which is required for activation of NOX2 (and NOX1) containing NADPH oxidases also contributed to dexamethasone-induced superoxide production. In line, glucocorticoids have been reported to activate Rac1 dependent on PI-3 kinase \[[@bib68]\], and our data show that PI-3 kinase as well as the glucocorticoid receptor promote superoxide formation by dexamethasone. Interestingly, depletion of p22phox as well as of NOX2 or NOX4 in HMEC-1 and PASMC resulted in comparable reductions of superoxide production while depletion of NOX1 only affected superoxide production in PASMC although to a lower extent than depletion of NOX2, NOX4 or p22phox. While one would have expected that loss of p22phox would result in a larger decrease in superoxide production than the loss of a single NOX subunit, findings in triple knock out mice lacking NOX1, NOX2 and NOX4 also showed that there was a substantial, not easily explainable residue in ROS generation \[[@bib69]\]. One reason for our observations could be that silencing of p22phox was less effective than silencing of the NOXes, a notion which would also explain that depletion of p22phox was less efficient than the Y121H mutation in reducing superoxide generation. These observations would also be compatible with a role of NOX5, which is independent of p22phox and not expressed in rodents \[[@bib70]\]. They also show that the interplay between the different NOX enzymes in one cell is not linear or additive and still lacks further in depth studies.

In contrast to the findings in this study, dexamethasone has been reported to decrease p22phox or NOX2 mRNA levels in activated microglia or stimulated smooth muscle cells \[[@bib28],[@bib31],[@bib32]\]. However, in support of our findings in untreated vascular cells, dexamethasone has been shown to increase levels of NOX1 in smooth muscle cells \[[@bib35]\], as well as of p22phox and NOX4 in other cell types \[[@bib60],[@bib61],[@bib71], [@bib72], [@bib73]\] independent of inflammatory conditions. Together, these data strongly point to a critical role of p22phox-dependent NADPH oxidases in the superoxide response to dexamethasone involving (genomic) upregulation of p22phox, NOX1 and NOX4, as well as (non-genomic) activation of NOX2 by PI-3 kinase and Rac1.

We further identified HIF1 as a target of dexamethasone-induced ROS generation by p22phox-dependent NADPH oxidases, in particular NOX4. Although HIF1 is known as the master regulator of the response to hypoxia \[[@bib74]\], there is increasing evidence that it is also responsive to non-hypoxic stimuli including growth factors, peptide hormones or hemostatic factors and that ROS derived from NADPH oxidases play an important role in regulating the HIF pathway at various levels \[[@bib44],[@bib75], [@bib76], [@bib77], [@bib78], [@bib79]\]. While several previous studies reported that dexamethasone downregulates HIF1α protein levels or HIF activity in different cellular models under hypoxia \[[@bib80], [@bib81], [@bib82], [@bib83]\], it has also been shown that dexamethasone promotes HIF signaling under hypoxia \[[@bib84]\]. In line with our data under normoxia, recent data indicate that dexamethasone increases HIF activity and HIF1α protein levels in zebrafish and human liver cells involving c-src-dependent degradation of the ubiquitin ligase pVHL, thus allowing HIF1α stabilization under normoxic conditions \[[@bib85]\]. As c-src has been shown to be closely linked to ROS and NADPH oxidases \[[@bib86]\], such a pathway might also contribute to NADPH oxidase-dependent induction of HIF1α in response to dexamethasone in the cardiovascular system.

As a functional consequence, activation of the NADPH oxidase-HIF1 axis by dexamethasone stimulated vascular proliferation and tube formation of cultivated endothelial cells. While both, NADPH oxidases and HIF1 have been shown to promote vascular proliferation and angiogenesis in response to different stimuli also under normoxic conditions \[[@bib44],[@bib54],[@bib57]\], controversial data exist on the role of dexamethasone and other glucocorticoids in vascular proliferation and angiogenesis. In diseased conditions, such as in wound healing, diabetic retinopathy or in tumors, application of dexamethasone has been reported to decrease vascular proliferation or to even act angiostatic \[[@bib87], [@bib88], [@bib89]\].

However, this response seems to be crucially dependent on the context and cell type. For example, in mesenchymal derived glioblastomas, but not in proneural glioblastomas, dexamethasone elevated cell proliferation and angiogenesis *in vivo* \[[@bib90],[@bib91]\]. Moreover, dexamethasone not only stimulated endothelial proliferation, but also angiogenesis in the chicken allantois model \[[@bib92]\] and in an osteogenesis model \[[@bib93]\] independent of an inflammatory context. In addition to context and cell type, also the concentrations of glucocorticoids seem to determine the proliferative outcome: while high concentrations of dexamethasone and other glucocorticoids more frequently decreased proliferation or even induced apoptosis in vascular cells \[[@bib94],[@bib95]\], low doses of dexamethasone as applied in our study promoted proliferation of endothelial \[[@bib92],[@bib96]\] and smooth muscle cells \[[@bib97]\]. Since endothelial proliferation promoting an angiogenic response has been observed in early stages of cardiac hypertrophy \[[@bib98]\] such a response might also take place in dexamethasone-induced cardiac hypertrophy.

Our study further indicated that NADPH oxidases contribute to the development of hypertension upon chronic treatment with dexamethasone *in vivo*: whereas wild type mice developed an increase in left ventricular pressure indicative of systemic hypertension, p22phox-deficient mice were protected from this complication. In support of our findings, antioxidant treatment has been shown to prevent the development of hypertension in response to dexamethasone treatment in mice \[[@bib36],[@bib37],[@bib39]\] and to reduce endothelial dysfunction in glucocorticoid-treated patients \[[@bib34]\], pointing to a role of ROS derived from NADPH oxidases in the pathogenesis of glucocorticoid-induced hypertension. In line, NADPH oxidases have been shown to contribute to the pathogenesis of hypertension in several animal models including angiotensin--II--induced hypertension by promoting ROS-induced vasoconstriction \[[@bib99]\]. In addition, patients lacking functional NADPH oxidases seem to be protected against the development of endothelial dysfunction \[[@bib100]\]. Interestingly, it has been suggested that glucocorticoids can increase blood pressure by inducing the generation of angiotensin-II \[[@bib101]\]. Thus, the hypertensive response by glucocorticoids might not only be mediated by direct upregulation/activation of NADPH oxidases in the vascular wall, but also secondary due to increased angiotensin-II levels with subsequent activation of NADPH oxidases. Further studies, which are beyond the scope of this study, will be required to dissect this particular point.

Moreover, dexamethasone-treated wild type mice developed an enlarged left ventricle with signs of cardiomyocyte hypertrophy and left ventricular dysfunction possibly as a result of the hypertensive state, although direct hypertrophic effects of dexamethasone on cardiomyocytes have been reported and cannot be ruled out \[[@bib102]\]. In line with our findings, rats treated with dexamethasone developed hypertension and left ventricular dysfunction \[[@bib103]\], and cardiac dysfunction has also been described in patients with Cushing syndrome \[[@bib104],[@bib105]\] or in preterm infants treated with dexamethasone \[[@bib104],[@bib105]\]. In line, dexamethasone increased superoxide generation in isolated cardiomyocytes as well as in the heart as emphasized by increased oxidative DNA damage staining. Importantly, however, mice deficient in p22phox-dependent NADPH oxidases were completely protected from these cardiac side effects of dexamethasone treatment further emphasizing the critical role these enzymes play in the *in vivo* response of the cardiovascular system towards dexamethasone. In support, an increase in lipid peroxidation indicative of ROS generation, and elevated levels of HIF1α have been found in hearts from mice suffering from dexamethasone-induced cardiac remodeling and left ventricular dysfunction \[[@bib103]\], while NADPH oxidases have been reported to mediate cardiac hypertrophy and dysfunction in response to angiotensin-II or adrenergic stimulation \[[@bib106]\].

While the development of systemic hypertension is a well perceived side effect of dexamethasone treatment, our study provides further evidence that this treatment also affects the pulmonary vasculature and the right ventricle, since dexamethasone-treated wild type mice showed signs of pulmonary hypertension with increased right ventricular pressure, right ventricular hypertrophy and pulmonary vascular remodeling. In line with our study, right ventricular dysfunction has been reported in patients with Cushing syndrome \[[@bib105]\]. In addition, dexamethasone treatment of rats increased pulmonary vascular collagen deposition, frequently observed in pulmonary vascular remodeling \[[@bib107]\]. While it is not completely clear whether pulmonary hypertension developed as a consequence of left ventricular dysfunction \[[@bib108]\], and/or whether dexamethasone has also direct effects on right ventricular cardiomyocytes and the pulmonary vasculature, our data clearly show that p22phox-dependent NADPH oxidases are critically involved in dexamethasone-induced pulmonary hypertension. This is underlined by our findings that dexamethasone and p22phox-dependent NADPH oxidases not only contribute to increased superoxide generation *in vitro* in HMEC-1 cells, PASMC and cardiomyocytes, but also *in vivo* as evidenced by increased oxidative DNA damage as a surrogate marker of ROS. Similarly, dexamethasone and p22phox-dependent NADPH oxidases not only increased HIF1α levels in cultivated cells but also in the in vivo situation in heart and lung tissues. In strong support, HIF1α deficiency in endothelial and smooth muscle cells protected against the development of pulmonary vascular remodeling upon dexamethasone treatment. In line, both p22phox-dependent NADPH oxidases and HIF1α have been shown to contribute to the development of pulmonary hypertension in response to hypoxia \[[@bib109], [@bib110], [@bib111], [@bib112], [@bib113]\] and have been suggested to also play a role in non-hypoxic pulmonary hypertension and vascular remodeling induced by monocrotaline \[[@bib112],[@bib114],[@bib115]\]. In support, dexamethasone induced endothelial proliferative activity dependent on p22phox and HIF1α as was shown by tube formation assays, suggesting that this pathway might be linked to the dysfunctional angiogenesis observed in pulmonary vascular remodeling eventually leading to plexiform lesions in human pulmonary hypertension \[[@bib116]\].

On the contrary, dexamethasone has been shown to protect against the development of proinflammatory pulmonary hypertension induced by monocrotaline \[[@bib95],[@bib117]\] and of pulmonary artery endothelial dysfunction in response to hypoxia \[[@bib118]\]. While the role of ROS has not been investigated in these studies, they further emphasize the distinct roles glucocorticoids play in inflammatory or diseased conditions as opposed to the healthy situation.

While the reasons for the divergent effects of dexamethasone on ROS levels under basal and inflammatory conditions are not well understood, they might at least in part relate to the different roles of glucocorticoids during the stress response \[[@bib10],[@bib11]\]: in the context of stress or disease, glucocorticoids act repressive. Thus, reduced ROS levels in activated or diseased cells or tissues in the presence of glucocorticoids might prevent further tissue damage. Furthermore, during an inflammatory state, stress-induced (or pharmacological) concentrations of glucocorticoids might restrain the immune response, by blunting the propagation of innate immune response signaling not only at the level of cytokines \[[@bib1]\], but possibly also by restricting ROS generation by NADPH oxidases in the diseased tissues, thereby shortening the duration of the immune response.

On the other hand, in non-diseased conditions or organs, glucocorticoids can exert stimulatory actions. Thus, increased generation of signaling molecules such as ROS by dexamethasone might contribute to activate cells, e.g. to prepare for a stress response. In this regard, it might well be that in the absence of inflammation, glucocorticoid exposure at low doses and/or before challenge will sensitize the innate immune system not only by upregulating pattern recognition receptors, cytokine receptors and complement factors, thus allowing for rapid responses to danger signals \[[@bib1]\], but also by inducing NADPH oxidases which might help to activate a rapid inflammatory response upon tissue insult. Whether increased ROS generation might also be related to the proposed pro-inflammatory role of glucocorticoids remains to be determined \[[@bib13]\].

In conclusion, this study provides strong evidence that dexamethasone increases NADPH oxidase-dependent superoxide generation in a non-inflammatory cardiovascular context, leading to activation of the HIF pathway, and that this signaling cascade promotes cardiovascular side effects of chronic dexamethasone therapy. Thus, targeting NADPH oxidases and the HIF pathway might be interesting novel strategies to prevent cardiovascular complications of glucocorticoid therapy or other conditions of glucocorticoid excess.
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